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equate to spatial heterogeneity; though the limited means to experimentally assess metabolism frequently in-
volve homogenizing tissues andmixingmetabolites from different locations. Most current isotope investigations
of metabolism therefore lack the ability to resolve spatially distinct events. Recognition of this limitation has re-
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enrich our knowledge on lipid biosynthetic pathways and provide some direction for stable isotope experimental
design and extension ofMFA. Evidence for this assertion is presented through the reviewof several elegant stable
isotope studies and by taking stock of what has been learned from radioisotope investigations when spatial as-
pects of metabolism were considered. The studies emphasize that glycerolipid production occurs across several
locationswith assembly of lipids in the ER or plastid, fatty acid biosynthesis occurring in the plastid, and the gen-
eration of acetyl-CoA and glycerol-3-phosphate taking place at multiple sites. Considering metabolism in this
context underscores the cellular and subcellular organization that is important to enhanced production of
glycerolipids in plants. An attempt ismade to unify salient features from a number of reports into a diagrammatic
model of lipid metabolism and propose where stable isotope labeling experiments and further ﬂux analysis may
help address questions in the ﬁeld. This article is part of a Special Issue entitled: Plant Lipid Biology edited byKent
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Plant phenotype is often characterized by growth and the produc-
tion of biomass. These traits are the aggregate of biological and chemical
activities within the plant over developmental time and in response to
the biotic and abiotic environments. The ability of scientists to rationally
augment plant phenotype in desirable ways through breeding, genetics,
or with metabolic engineering would beneﬁt from a more mechanistic
understanding of the processes that deﬁne phenotype at the molecular
level. Early investigations into biochemical pathways including central
and lipid metabolism used isotopes to establish pathway connections
and ﬂux [1–7] reviewed in [8,9]; however the development of high
throughput, more global gene analysis methods relegated the cumber-
some labeling techniques to a secondary role. Today, labeling-based
methods are re-emerging in part because they capture important dy-
namic aspects of metabolism at the molecular level that cannot be ob-
tained from other approaches. In addition, modern techniques for
computational metabolic ﬂux analysis [10–14] based onmeasurements
of primary intermediate pool sizes [15–17] and their isotopic enrich-
ments [18–22] allow for precise assessment of biochemical processes.
Whereas genes establish the list of potential parts, and gene transcrip-
tion, translation, and protein modiﬁcation can identify the active com-
ponents of the network and their regulation; it is the quantiﬁcation of
metabolite ﬂow through biochemical reactions in a network (i.e. meta-
bolic ﬂux) that deﬁne the production, turnover, and steady state levels
of compounds that are the cellular phenotype. Isotopic labeling studies
have also described new functions inmetabolism and enabled more ac-
curate gene annotation [23–29]. Thus as genetics andmolecular biology
continue to advance, they provide a sophisticated means to orchestrate
or identify targeted perturbations in plant biology that could be further
elucidated by isotope studies that quantify biochemical functions.
Plant cells have the capacity to produce signiﬁcant amounts of lipids
though there is considerable variation between tissues and species.
Walnuts, pecans, and other nuts can produce up to 70% or more of dry
weight as lipid, though most oilseeds vary from less than 20% oil (soy-
bean) to approximately 55% (sunﬂower). Tubers of potatoes produce
very little (b1%) and apart from seeds, other parts of the plant such as
leaves (b5%) make trace amounts of lipids for membranes. The differ-
ences between cell or tissue types indicate that the involved metabolic
processes operate in a context-speciﬁc way and that local environment
and subcellular or cellular location matters [9,30]. Quantitative studies
of metabolism aim to describe these differences but unlike proteins
that have targeting signals to at least suggest their potential localiza-
tion;metabolite chemical composition does not indicate a spatial origin.
Themeasurement ofmetabolite levels that can be instructive to indicate
a change in metabolism has occurred and provide important details
about metabolic regulation [31]; however steady state metabolite con-
centrations do not deﬁne metabolic ﬂux. The relative use of metabolic
pathways can be determined by the asymmetric labeling patterns of
metabolites that result from enzymatic chemical bond rearrangements.
When labeling is quantiﬁed it can indicate the ﬂux through a set of en-
zymatic steps. However if themetabolites are not unique to a particular
pathway then they will be labeled differently depending on cellular or
subcellular use. Thus spatial ﬂux distributions require labeling informa-
tion that is speciﬁc to location and remain challenging to obtain [32–40].
Efforts are needed to merge isotopic labeling with techniques that re-
solve cellular [41,42] or subcellular [43–46] features to depictmetabolic
dynamics.
In this review, the opportunity for some of these tools will be
highlighted by describing our current understanding and challenges of
spatial features, emphasizing the subcellular level distinctions that per-
vade lipid metabolism including segregated acyl-lipid formation, fatty
acid biosynthesis, and fatty acid precursors derived from pathways in
central metabolism. Much of what is known in the area of lipid metab-
olism stems from seminal isotopic labeling experiments. Several inves-
tigations that depict spatial complexity will be described in detail toemphasize the need for new analogous developments to advance our
understanding. A hypotheticalmodel that includes a number of features
from recent reports will be presented to summarize to the extent possi-
ble consistent themes in our understanding. Then current technologies
and techniques that could be employed to resolve spatial attributes will
be described including continual advances in MS instrumentation and
recent developments in computational metabolic ﬂux analysis that are
most apt to solve mysteries pertaining to spatial (as well as temporal)
complexity and lend insight to lipid production.
2. Connections between fatty acid biosynthesis and lipid assembly
2.1. Triacylglycerol production involves the Kennedy pathway plus
additional steps in the ER
The production of glycerolipids in plants minimally involves the se-
quential esteriﬁcation of fatty acids to a glycerol-3-phosphate (G3P)
backbone as described by investigations with [32P] and [14C] in animal
and plant tissues [47–53]. Glycerol phosphate acyltransferase (GPAT)
esteriﬁes a fatty acyl group to the sn-1 location of G3P to generate
lyso-phosphatidic acid (LPA). Then lyso-phosphatidic acid acyltransfer-
ase (LPAAT) esteriﬁes a second acyl group at the sn-2 position of LPA to
produce phosphatidic acid (PA). Phosphatidic acid phosphatase (PAP)
performs a hydrolysis of PA to generate diacylglycerol (DAG) that is
the precursor for triacylglycerol (i.e. TAG, or oil). DAG can be converted
to TAG through one of several enzymes. Diacylglycerol acyltransferase
(DGAT) esteriﬁes an acyl group from the acyl-CoA pool to the sn-3
position of DAG or alternatively phosphatidylcholine diacylglycerol
acyltransferase (PDAT) uses an acyl group derived fromphosphatidylcho-
line (PC) along with DAG tomake TAG. Apart from PDAT that was cloned
and characterized with [14C] later in time [54,55], the other enzymatic
steps to produce TAG are collectively referred to as the Kennedy pathway
(Fig. 1A). A number of complementary reactions have since been discov-
ered that contribute or branch off of the Kennedy pathway to make
glycerolipids. For example, interchange of the phosphocholine head
group from PC to DAG is mediated by phospatidylcholine:diacylglycerol
cholinephosphotransferase (PDCT; [56]) and has the consequence of
making DAG-based acyl groups available for modiﬁcation such as
desaturation on PC. Using [14C]glycerol, labeled PC can be traced to the
production of TAG indicating the contribution of PC-derived backbone
and acyl groups to TAG biosynthesis. DAG can also be converted to PC
through incorporation of phosphocholine from a source of CDP-choline
by diacylglycerol cholinephosphotransferase (CPT; [57,58]). Thus produc-
tion of TAG need not follow a linear path and a number of enzymes with
overlapping functions exist to produce DAG with a given fatty acid com-
position for TAG biosynthesis (Fig. 1B).
2.2. Lipid assembly can involve two pathways in distinct subcellular
locations
Fatty acid biosynthesis occurs in the plastid [59], however synthesis
of TAG takes place in the endoplasmic reticulum (ER). Therefore the
production of acyl chains and their assembly into TAG must be coordi-
nated across multiple locations. The steps that move acyl chains from
one place to the other have not been completely elucidated and to com-
plicatematters further, an analogous set of enzymes formembrane lipid
biosynthesis exist in the plastid though their involvement is generally
limited to the biosynthesis of galactolipids that are more concentrated
in leaves and photosynthetic tissues [60,61]. The plastid-localized path-
way was coined the “prokaryotic” path due to the endosymbiotic event
responsible for the presence of plastids in plants. Analogously, the ER-
derived path is called the “eukaryotic” pathway. Evidence for the con-
comitant operation of the two pathways suggest that in leaves some
plants utilize both signiﬁcantly [60–62] whereas others rely almost
completely on the ER pathway [63]. Biosynthesis in the two locations
can be distinguished because of the acyl speciﬁcity of plastidial and
Fig. 1. Triacylglycerol production in plants. A) Simpliﬁed linear depiction of TAG production in the endoplasmic reticulum through the Kennedy pathway resulting in saturated and
monounsaturated acyl compositions. B) Incorporation of other enzymes in addition to the linear Kennedy pathway that modify acyl chains while attached to PC resulting in increased
polyunsaturated content. (Abbreviations: acyl-CoA: acyl-Coenzyme A, CPT: CDP-choline:diacylglycerol cholinephosphotransferase, DAG: diacylglycerol, DGAT: diacylglycerol
acyltransferase, GPAT: glycerol-3-phosphate acyltransferase, G3P: glycerol-3-phosphate, LPA: lyso-phosphatidic acid, LPAAT: lyso-phosphatidic acid acyltransferase, LPC:
lysophosphatidylcholine, LPCAT: lyso-phosphatidylcholine acyltransferase, PA: phosphatidic acid, PAP: phosphatidic acid phosphatase, PDAT: phosphatidylcholine diacylglycerol
acyltransferase, PDCT: phosphatidylcholine:diacylglycerol cholinephosphotransferase, PLC: phospholipase C, PLD: phospholipase D, TAG: triacylglycerol).
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ly [64,65]. As a result plants using the plastidic pathway produce
monogalactosyldiacyglycerol, (MGDG), phosphatidylglycerol (PG) and
digalactosyldiacylglycerol, (DGDG) enriched in 16 carbon fatty acids
and have been coined “16:3” plants due to the desaturation of the sn-
2 16:0 within the galactolipids. Other plants that depend exclusively
on the eukaryotic pathway are referred to as “18:3” plants to describe
the return of 18 carbon desaturated fatty acids (usually linoleic acid
that is transported in addition to a glycerolipid backbone) that is
imported in to the chloroplast and further desaturated on galactolipid
to produce 18:3. The two pathway approach to galactolipid biosynthesis
was established through a combination of pulse and pulse-chase label-
ing experiments using a combination of labeled substrates including:
carbon dioxide, acetate, glycerol and fatty acids reviewed in [8,9]. Brief-
ly, label that accumulated in PC from a pulse experiment could be sub-
sequently traced to galactolipids during a chase period. PC is not
involved in the prokaryotic pathway thus the labeling description was
speciﬁc to ER-derived events. Since labeling in the glycerol backbone
aswell as acyl chainswere transferred back to the chloroplast with sim-
ilar ratios, the experiments established that an acyl lipid and not just anacyl chain from PC were used in galactolipid production by the eukary-
otic pathway [66–68]. The strategy of pulse-chase labeling is now com-
monly used to assess the role of putative transporter mutants [69–71]
that connect lipid production in multiple subcellular locations as con-
sidered later in this review and throughout with Fig. 2.
Though the presence of multiple lipid assembly pathwaysmay seem
redundant, duplication of enzyme activities inmultiple organelles is not
an uncommon feature of metabolism with, for example, multiple de-
scriptions of glycolysis [72,73], and pentose phosphate pathway [74]
describing functional biochemical operation inmany cell types. Further-
more, the operation of lipid assembly is tissue speciﬁc with seeds rely-
ing on the eukaryotic pathway. Such observations emphasize that
seed and leaf lipid metabolism are different with distinct biochemical
roles for lipids. The differences account for the variation in observed
lipid levels including the amount of TAG produced in seeds from differ-
ent species, but also how seeds, not leaves, produce signiﬁcant amounts
of TAG. Understanding the distinct operation of pathways dependent on
tissue or subcellular locationwill be crucial if for example, biotechnolog-
ical goals of producing more oil in non-seed tissues are to be fully real-
ized [75–82].
Fig. 2.Movement of acyl chains between chloroplast and endoplasmic reticulum. The model depicts descriptions in the literature as indicated by references. The process is postulated to
include multiple transporters and movement of acyl chains as NEFA, acyl-CoAs and with acyl lipid carriers such as PC, PA, DAG and LPC. Further details are provided in the text. *It is not
clear if the acyl chain and lipid backbone are co-transported stoichiometrically, and if so this might require a co-transport/channeling mechanism as bulk pool sizes would likely be
different and otherwise alter the ratio. Summarized from references noted in the ﬁgure by brackets []. (Abbreviations: ABCA9: ATP-binding (ABC) type transport protein, acyl-ACP:
acyl–acyl carrier protein, acyl-CoA: acyl-Coenzyme A, AT: acyltransferase, Cho: choline, DAG: diacylglycerol, FAT A/FAT B: fatty acid thioesterase A/B, FAX1: fatty acid export 1 protein,
G3P: glycerol-3-phosphate, HS-ACP: non-esteriﬁed acyl carrier protein, HS-CoA: non-esteriﬁed coenzyme A, LACS4/LACS9: long chain acyl-CoA synthetases, LPA: lyso-phosphatidic
acid, LPC: lysophosphatidylcholine, LPCAT: lyso-phosphatidylcholine acyltransferase, MGDG: monogalactosyldiacylglycerol, NEFA: non-esteriﬁed fatty acid, PA: phosphatidic acid, PC:
phosphatidylcholine, PLD: phospholipase D, TGD1–5: trigalactosyldiacylglycerol proteins).
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2.3.1. Non-esteriﬁed fatty acids are generated prior to export from the
plastid
Though the preceding descriptionsmake it clear that the plastid and
ER exchange acyl groups important to lipid biosynthesis; a number of
uncertainties remain regarding the mechanisms that move molecules
between locations. Fatty acids destined for the ER result when acyl
chains are hydrolyzed from the acyl carrier protein (ACP) to a non-
esteriﬁed fatty acid form. The use of [14C]malonyl-coenzyme A (CoA),
and varied amounts of ACP and its antibodies showed conclusively the
dependence of de novo fatty acid biosynthesis on this protein that was
strictly localized to the plastid [59,83]. Further studies indicated that
no hydrolysis is necessary for FA that are used in the plastid as they
can be directly esteriﬁed to an acyl lipid backbone from ACP. The
evidence for these initial steps in FA movement came through an
elegant analysis of spinach leaves with dual isotopic labeling experi-
ments involving [13C] and [18O] that were provided in the form of
[13C218O2]acetate [84] (Fig. 3).Acylation and deacylation processes can be assessed with [18O] be-
cause labeled oxygen on the carboxyl group will be replaced with unla-
beled oxygen atoms during the sequence of hydrolysis and reacylation
events. In the process of acyl-ACP hydrolysis, thioester cleavage intro-
duces oxygen fromwater which quickly equilibrates with the other car-
boxylate oxygen because of their chemical equivalence and resonance-
stability. Protonation and deprotonation result in equilibrated amounts
of [18O] at both locations and subsequent reacylation ensure that label
in oxygen is reduced to 50% of the original amount. In spinach, [18O] in-
corporated into the carboxyl oxygen atoms of acetate resulted in both
acetyl-CoA and long chain acyl-ACPs with isotopic enrichments in the
carbonyl oxygen equivalent to that of the provided acetate. Fatty acid
thioesterases released the fatty acid from the ACP backbone prior to ex-
port to the ER (Fig. 3❶). Thus during reacylation, the carboxyl group
was on average reduced to 50% of the initial [18O] value as determined
by inspection of 16 and 18 carbon fatty acyl groups in PC. However la-
beling of lipids in the plastid did not show the same trend. Labeling in
16 carbon acyl groups in MGDG were similar to the provided acetate
and did not change over time indicating that they were not subject to
Fig. 3.Dual [18O/13C] labeling experiments providedmultiple insights on the process of acyl chain export from the chloroplast.❶First, one hydrolytic reaction was involved inmovement
from acyl chain to the outer envelopewhere PC becomes labeled at half the level of the original acyl chain enrichment.❷Second, the plastidic pathway does not involve a hydrolytic step
indicated by labeling that is very similar to the acyl groups as attached to ACP.❸Third, the combination of prokaryotic and eukaryotic lipid production results in initial MGDG labeling that
is reduced over time due to the return of 18 carbon acyl chains from the ER that are less enriched. Based on ﬁndings from Ref. [84].(Abbreviations: CoA: Coenzyme A, FA: fatty acid, FAS:
fatty acid biosynthesis, MGDG: monogalactosyldiacylglycerol, PC: phosphatidylcholine, PCho: phosphocholine).
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tid-localized acyl transferases (Fig. 3❷). 18 carbon fatty acids incorpo-
rated into MGDG were initially labeled at the same level but decreased
with time indicating that 18 carbon acyl chains on plastidic lipids were
the result of a combination of eukaryotic and plastidic pathways with
the dilution over time due to the hydrolysis involved in the eukaryotic
pathway (Fig. 3❸). The capacity to measure incorporation in distinct
PC and MGDG pools and compare themwas aided by the [13C]. Carbon
labeling provided a measure of the amount of exogenous acetate incor-
porated into each pool and therefore provided a means to track speciﬁ-
cally the newly synthesized fatty acids and the decreasing levels of
[18O] due to deacylation–reacylation events. The sophisticated design
of this stable isotope-based dual labeling experiment conﬁrmed multi-
ple aspects about the export process. First, a single hydrolytic step is in-
volved from the time when acyl groups are separated from the ACP
backbone to the time when they are esteriﬁed to eukaryotic lipids in
this case PC. Second, the prokaryotic pathway in the plastid involves
the transfer of acyl groups by a direct acyl transferase reaction with an
acyl-ACP substrate andwithout requirement for an intermediate hydro-
lysis reaction. Third, the experiments conﬁrmed the contribution of acyl
groups from the eukaryotic pathway to plastidial lipids such as MGDG
and that the movement through both pathways occurs concomitantly.
2.3.2. Fatty acid movement across the chloroplast envelopes
Though the [18O/13C] experiments established a foundation for the
ﬁrst mechanistic steps in the export process, building a more compre-
hensive story of how acyl chains move across the inner envelope,through the intermembrane space, and outer envelope has proven
difﬁcult. Descriptions of genetic mutants for putative transporters may
provide a strategy to better understand the process. Facilitated diffusion
of non-esteriﬁed fatty acids would provide a simple mechanism to
move acyl chains across membranes as recently documented for
cyanobacteria [85]; however, movement of lipids and both non-
esteriﬁed and activated FA often entails active transport by an ATP-
binding cassette (ABC) transporter [86]. Recently the role of FAX1, a
member from the Tmemb_14 superfamily of membrane proteins was
characterized in this process [87] (Fig. 2). T-DNA insertional mutants
in Arabidopsis demonstrated that lack of this protein alters plant bio-
mass, fertility, cellwall and cuticularwax composition and altered levels
of TAG. GFP targeting constructs conﬁrmed localization on the inner en-
velope of the chloroplast and importantly ER-enriched microsomal
membranes indicated no presence of FAX1. Pollen, stem and leaf FA
and polar lipid compositionswere distinct fromWT and indicated an in-
crease in plastid-derived lipids and a decrease in ER-derived species in
the mutant. However whereas the FAX1 protein could complement
known yeast and human FA transporters it could not revert the pheno-
types of mutants deﬁcient in acyl-CoA biosynthetic steps indicating
FAX1 is speciﬁc for the movement of FA across membranes [87]. It
was further suggested that FAX1 functions as a passive carrier, driven
by concentration gradients of FA. Such a movement of non-esteriﬁed
FA is consistent with the single hydrolysis and reactivation step de-
scribed in prior [18O] labeling experiments, however apparently some
genetic redundancy exists because FAX1 mutants still produce
glycerolipids including TAG albeit at reduced levels.
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Aftermovement to the outer envelope, FA are activated to acyl-CoAs.
Provision of ATP and CoASH to isolated chloroplasts results in the pro-
duction of acyl-CoAs [88,89] indicating the presence of long chain
acyl-CoA synthetases (LACS) at the surface [90,91]. Based on a series
of kinetic labeling investigations in leaves and isolated chloroplasts ei-
ther in the presence or absence of light, cofactors, coenzyme A and
light, Koo et al. [89] established that a small pool of non-esteriﬁed
fatty acid was directly involved in acyl chain movement and activation
to the acyl-CoA by LACS. Complementary experiments tracked incorpo-
ration of [14C]acetate and the movement of radiolabeled carbon from
fatty acid biosynthesis to acyl-CoA products supporting a mechanism
where fatty acids are channeled to the LACS. More speciﬁc details on
the mechanism of channeling non-esteriﬁed fatty acids for acyl-CoA
production has remained unclear in part because the functioning LACS
that primarily supports TAG production has yet to be conﬁrmed. At
least nine LACS genes have been identiﬁed in Arabidopsis with one
targeted to the plastid [71,92,93] and others to the ER [71,94]. Genetic
mutants of LACS9 (Fig. 2), that is localized at the chloroplast envelope
[93], produced approximately 10 fold less acyl-CoA, but did not result
in a lipid phenotype and double and triple knock-out lines of other
LACS genes had relatively modest impact on oil biosynthesis [94]; sug-
gesting functional complementation by other genes. LACS function is
further complicated by our limited understanding of how the produced
acyl-CoA are moved to the ER whichmay involve contact sites between
the ER and plastidmembranes [95], extensions from theplastids termed
stromules [96,97], acyl carrier binding proteins [98,99] or an acyl lipid
carrier [100–102].
2.3.4. Import of acyl chains in to the ER may involve an ABC-type
transporter
Recently an ABC type transporter (i.e. ATP-binding cassette protein;
AtABCA9) was identiﬁed that enhances TAG production in Arabidopsis
[27]. Diminished or overexpressed ABCA9 resulted in 16% decrease or
40% increase in TAG respectively as well as changes in biomass and
spacing of oil bodies without affecting other seed reserves. The mutant
phenotype was reverted with complementation and ER-based localiza-
tion was conﬁrmed by GFP targeting. Thus, similar to the analyses for
the FAX1 transporter, the conclusions were based on proper protein lo-
calization, phenotypes that include change in oil that can be
complemented through re-introduction of the gene, and altered fatty
acid andmetabolite analysis. In the case of ABCA9, the role of the protein
was also evaluated dynamically through analysis of multiple [14C] la-
beling experimentswith acetate, oleate, and oleoyl-CoA that individual-
ly produced less [14C]TAG in abca9 relative to the WT. The labeling
studies were performed in the dark when lipid production is often sig-
niﬁcantly reduced [103] which may complicate the interpretation;
however the difference in lines supported the conclusion that ABCA9
was involved in lipid production in the ER and apparently facilitated
acyl chain uptake to the ER by mediating a transport step (Fig. 2). It is
interesting that the provision of oleoyl-CoA, relative to FA, resulted in
more labeled TAG in bothWT andmutant lines which could be a conse-
quence of differences in substrate uptake efﬁciency or possibly the addi-
tional activation step necessary for non-esteriﬁed FA.
2.3.5. PC is labeled quickly and may also serve as an acyl carrier to the ER
Labeling studies with [14C]FA and [14C]acyl-CoA groups do not pre-
clude the possibility that acyl groups may be attached to lipids during
the export to the ER. Evidence that a glycerolipid carrier, such as PC, is
involved inmovement of the acyl chains into the ER has come from sev-
eral observations. First, ABC transporters can move lipids as well as
other forms of FA [104,105]. Second, lyso-phosphatidylcholine acyl-
transferase (LPCAT) studies, indicate its presence at the chloroplast
outer envelope [106–108] for the production of PC [109] (Fig. 2). The
phospholipid composition of the chloroplast outer envelope is predom-
inantly PC [110] accounting for approximately 40% of total cellular PC[102]. Third, examples of acyl lipid transport have been established in
the process of moving acyl groups back to the chloroplast [66,70,111].
Fourth, isotopic labeling experiments with safﬂower [112], Arabidopsis
cell suspensions [102], pea leaves and seeds [89,101], brassica leaves
[100], and cultured soybean embryos [113] where PC was identiﬁed as
the ﬁrst labeled glycerolipid support the possibility that it is involved
in transport. In the case of Arabidopsis cell suspensions [102] the exper-
imental incubation of cells was key because very rapid labeling time
points (b30 s) could be used to observe the process (Fig. 4). [14C]-ace-
tate was asymmetrically incorporated into PC at a rapid rate with pref-
erence for the sn-2 position whereas incorporation into DAG took
considerably longer and had near equivalent labeling at sn-1 and sn-2
positions (Fig. 4A, B). Based on pool size estimates and kinetic analyses,
the lag time prior to PC labeling was much smaller than anticipated
(~5 s instead of 18 s predicted from pool size and enzymatic turnover
numbers; Fig. 4C, D). Such a short lag implied that only a portion of
the bulk pools were used and that acyl groups were initially channeled
through PC prior to their incorporation into other glycerolipids. Addi-
tionally, the acyl-CoA pool which is larger than acyl-ACP or non-
esteriﬁed fatty acid pools, would contribute an estimated (~10 s) to
the lag time, therefore it was inferred that the bulk cytosolic acyl-CoA
pool was not an intermediate in the labeling of PC. From these analyses
a model was proposedwhere acyl-CoA generation by LACS at the enve-
lope was directly channeled to PC [102] (Fig. 4E). Such a mechanism is
also supported by the CoA dependency of rapid [14C]-acetate incorpo-
ration into polar lipids that was observed in isolated chloroplasts [89].
Given recent depictions of PC involvement in acyl editing (reviewed in
this special issue see Bates), in addition to postulated transport roles,
as a precursor for other phospholipids and DAG, and as a substrate for
acyl modiﬁcations including desaturation; PC is clearly at the center of
lipid metabolism (Fig. 5).
Prior accounts for channeling of fatty acids to the LACS [89] and de-
scriptions of fatty acid biosynthesis as a highly integrated process asso-
ciated with envelope membranes [114,115] suggest a very organized
model for acyl chain production and export. Though the combination
of steps may appear overly complicated and energetically costly when
reacylation reactions are involved; the ATP consumption is likely small
relative to the amount of ATP used in acyl chain biosynthesis. Further-
more, vectorial transport and channeling can promote unidirectional
fatty acid movement that may be a crucial control point to adjust mem-
brane composition under altered environments. As discussed in
Section 3.3 and subsequent sections, perhaps future studies will enlist
stable isotopes with LC–MS/MS to further elucidate transport mecha-
nisms. Since electrospray ionization allows the evaluation of intact
lipids, the labeling in backbone and acyl chains may be examined on
the same molecule and used to assess for example, LPC, PC, and PA in
the process eventually including the labeling in acyl groups at stereo-
speciﬁc positions.
2.3.6. Chloroplast import of acyl chains in leaves
Acyl chains are used in extraplastidialmembranes or are transported
to the chloroplast to make galacto, sphingo, sulfo, and other types of
lipids. Though the prokaryotic pathway can produce these lipids in
some species, labeling studies have indicated that a majority of FA are
provided by the ER for galactolipid production. The import of acyl
groups concomitantly with the glycerol backbone was originally de-
scribed by a combination of [3H]glycerol and [14C]acetate pulse-chase
labeling experiments in maize by Slack et al. [66]. This concept has
been regularly used to query the import process in other plants [67,
111] and pulse-chase experiments have been instrumental in character-
izing the role of genetic mutants such as the trigalactosyldiacylglycerol
(TGD) proteins [28,116] and LACS [71]. Five TGD proteins have been
identiﬁed [28,69,70,104,117,118] (Fig. 2). TGD1, 2 and 3 are analogous
to a permease, substrate binding protein and an ATP-binding cassette
ABC transporter, respectively. The three proteins interact and can form
a stable complex at the inner envelope whereas TGD4 is an integral
Fig. 4. Involvement of PC in Lipid Export from Plastids. A) Time course labeling of PC and DAG from provision of [14C]acetate to light grown Arabidopsis thaliana cell suspensions indicated
rapid isotope incorporation into PC. B) The distribution of radiolabeled acyl chains differed regiochemically and between DAG and PC. The size of pie charts is representative of the total
[14C] incorporation at regiochemical locations and thedistribution of [14C]fatty acid composition is given in the accompanying legend. C)The total lag time including catalytic reaction steps
and residence time to saturate intermediates can be calculated from the rate of FA synthesis and substrate pool size for steps to incorporate [14C]acetate into PC. Arrow lengths reﬂect
differing times of catalytic steps. Pool sizes are qualitatively indicated by the size of circles. D) The incorporation of label into PC in cell suspension is faster than would be expected
with bulk transport and E) supports a model of acyl chain export from the plastid that involves channeling directly to PC. Based on ﬁndings from Ref. [102]. (Abbreviations: acyl-ACP:
acyl–acyl carrier protein, Acyl-CoA: acyl-Coenzyme A, DAG: diacylglycerol, FA: fatty acid, FAS: fatty acid biosynthesis, FATA/B: fatty acid thioesterase A/B, FAX1: fatty acid export 1
protein, LACS9: long chain acyl-CoA synthetase, LPC: lyso-phosphatidylcholine, LPCAT: lyso-phosphatidylcholine acyltransferase, NEFA: non-esteriﬁed fatty acid, PC:
phosphatidylcholine).
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immunoprecipitation assays indicated that TGD5 interacts with both
TGD4 and the TGD1,2,3 complex and therefore provides a mechanism
for acyl chains to traverse the aqueous intermembrane space between
envelopes [28]. The working complex is comprised of homodimers of
proteins with the exception of TGD2 that is multimeric [119]. The char-
acterization of the TGD proteins involved inspection of the fatty acid
composition of major membrane lipids in genetic mutants relative to
the WT. The absence of a TGD protein leads to accumulation of TAG in
leaves, presumably by circumventing the return of lipid to the plastidand eliciting enhanced fatty acid synthesis in leaves for membranes
[28].
Very recently, a set of double mutant lines from the LACS family in
Arabidopsiswere used to characterize a role for LACS in the acyl import
process [71]. Double mutants, lacs9/lacs4 had reduced biomass produc-
tion including 26% less lipid production, less 18:2 (22%), more 18:3
(37%) in seeds, butwith the opposite fatty acid trends for the polyunsat-
urated fatty acids (PUFA) in membrane lipids of leaves. Localization
studies conﬁrmed the LACS9 presence at the outer envelope of the plas-
tid [93] and LACS4 at the ER [71] (Fig. 2). In the compromised mutants
Fig. 5. Centrality of PC. Recent understanding of metabolism emphasizes that PC is central
to production of lipids as a precursor to other phospholipids and as a necessary
intermediate for TAG production and also to move lipids between locations and as a
part of the eukaryotic pathway. (Abbreviations: DAG: diacylglycerol, FA: fatty acid, LPC:
lyso-phosphatidylcholine, PA: phosphatidic acid, PC: phosphatidylcholine, PE:
phosphatidylethanolamine, PUFA: polyunsaturated fatty acid, TAG: triacylglycerol).
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consistent with a relative enhancement of prokaryotic lipid production.
In addition acyl-CoAs were reduced (20%) whereas non-esteriﬁed fatty
acids were elevated consistent with the compromised activation of FA
in the mutant line. The dynamics behind the changes in acyl composi-
tion were assessed by monitoring [14C]acetate incorporation over
time; however changes in lipid labeling of PC were small, indicating
that the lacs9/lacs4 double mutant was presumably not impacting acyl
export processes. Pulse-chase experiments were used to assess contri-
butions of prokaryotic and eukaryotic lipid metabolism in the mutant
line. Unlike the wild type, the bimodal labeling description in MGDG
that occurs with time due to initial prokaryotic and later eukaryotic la-
beling was not observed in the mutant. The pattern of incorporation in
mutant lines indicated that ER lipids were not contributing signiﬁcantly
to MGDG labeling. Finally, provision of radiolabeled oleic acid resulted
in labeling in PC that was similar to wild type however galactolipid
label incorporation was reduced. The authors concluded that the
lacs9/lacs4 double mutation had compromised the efﬁcient transfer of
lipid from ER to plastids, thus implicating these proteins in the acyl
lipid import process [71]. Though the combination of radiolabeling
studies indicated the most plausible role for the lacs double mutants
some aspects of the observed phenotypes may suggest a mixed role
with LACS isoforms involved in both import and export. For example,
the reduced production of TAG in seeds and the enhanced levels of
non-esteriﬁed fatty acid (NEFA) are more characteristic of alterations
to the chloroplast export (not import) process (Fig. 2). Given that
LACS8 was also involved and other LACS genes may participate in un-
known ways, even extensive well-designed double and triple mutant
studies with isotopic labeling such as this one epitomize the challenges
associated with conclusively identifying the transport roles involved in
metabolism. It is plausible that the combined roles of multiple LACS en-
zymes may impact both import and export by activating fatty acids
prior to their incorporation on to lipid backbones destined for either
location.
Studies involving compromised genetic mutants when paired with
isotopic labeling analysis are encouraging but remind us that our under-
standing of import (aswell as export) processes remains incomplete be-
cause the appropriate acyl lipid(s) involved in shuttling acyl chains
remain speculative. Functional analysis of TGD proteins implicate PA
as a possible acyl carrier [120,121]; however other candidates including
PC [102], lysophophatidycholine [71,106,108] and DAG [100,122,123]
have also been proposed. Given the number of steps, multiple formscould be involved as indicated in a hypothetical description postulated
in Fig. 2. A functional glycerol backbone as well as acyl chains appear
to be returned to the chloroplast in similar amounts based on radioac-
tivity analysis [66]; however positional assessment of labeling from
pulse-chase experiments suggest their transfer may at times not be as
an intact molecule [108,111]. As conjectured in Fig. 2, it is possible
that at stages of the import process different lipids could be used,
though reconciling all aspects from reports in the literature is not
straightforward and differences could also result from in vitro relative
to in planta studies. Further aspects of the coordination between LACS
proteins and TGDs that enable the movement of glycero-backbone
and acyl chains into the chloroplast, much like our understanding of
acyl chain export from the chloroplast remain to be mechanistically re-
solved. Since electrospray ionization mass spectrometry (ESI-MS;
Section 3.3) with stable isotopic labeling would have the capacity to as-
sess intact lipid molecules through soft ionization, it is possible to test
the stoichiometry of labeling in glycerol backbone and acyl chains in ga-
lactolipids to help address these issues. The traditional dual-labeling ex-
amples of [66,67] could be extended with stable isotopes or the
methodology used to assess chloroplast export [84] could be extended
to examine, for example, if C18 acyl groups in MGDG at isotopic equilib-
rium approached one half of the enrichment in PC. This would imply (as
simplistically shown in Fig. 2) that the chloroplast import process has a
second (and only a second) hydrolytic cleavage creating NEFA and not
further turnover steps involving, for example, additional phospholipase
reactions. Thus, a number of currently unresolved questions stand to
beneﬁt from application of stable isotopes when paired with MS tech-
nologies and ﬂux analysis as described below.
3. Moving toward computational ﬂux analyses of lipid biosynthetic
pathways
3.1. Metabolic ﬂux analysis (MFA)
The challenges associated with describing spatial features in lipid
metabolism are signiﬁcant and hypotheses about movement of an
isotope between locations or through pathways could be more read-
ily assessed with the aid of a model (Fig. 6). Computational assess-
ments of labeling and ﬂux (i.e. MFA) are an appealing development
because a large number of measurements can be used to establish
many ﬂuxes with statistical conﬁdence; however MFA has been
mostly limited to steady state isotope labeling which will require ad-
ditional considerations for application to lipid metabolism as consid-
ered in the following sections. Computational MFA models include a
mathematical description of chemical reactions that interconvert
metabolites at the atom level and can describe the movement of
label from substrates to products that are measured by MS or nuclear
magnetic resonance (NMR) [10,124–126]. Mass conservation princi-
ples are strictly maintained by computations; therefore some ﬂuxes
are determined through mass balancing (i.e. dependent ﬂuxes) and
others are the variables of the system that are optimized by compar-
ison of simulated and experimental data through least squares re-
gression. This is possible because the redistribution of isotope is
ﬂux-dependent therefore in combination with a metabolic network
and initial guesses for each ﬂux parameter the mathematical model
can calculate an ‘in silico’ labeling description that can be compared
to experimental measurements. The ﬁtting process is numerically
repeated to obtain the best ﬂux estimates. Then conﬁdence intervals
and sensitivity analysis can be performed using well-established
methods [14,127,128] to identify ﬂuxes that are not well-determined
and which measurements are most crucial to the model. Since there is
no limit to the number of measurements that can be incorporated into
the model, complementary and redundant experimental values that
are obtained by different techniques or experiments help avoid biases
and establish rigor. Models are frequently based on the balancing of la-
beled carbon atoms, however as all elements must be conserved, the
Fig. 6. Isotopic labeling-based metabolic ﬂux analysis. Computational modeling involves biologically labeling and measuring the movement of isotopes with MS (or NMR). In parallel a
metabolic network that describes atom transitions, conserves mass and includes bond-breaking and reforming reaction is used with initial “guesses” of ﬂuxes to ﬁt data. The ﬁtting
process is repeated numerically to optimize the choice of ﬂuxes that minimize the differences between in silico and experimental data through least squares regression.
(Abbreviations: PC: phosphatidylcholine).
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the model as additional constraints or used to independently validate
model results. The strict adherence to mass conservation principles is
more suited to stable isotope descriptions because radiotracer levels
rarely comprise a signiﬁcant portion of the total metabolite pool and
measurement of radioactivity by scintillation does not account for the
unlabeled fractions unless an in vivo speciﬁc activity of individual me-
tabolite pools can be determined. Thus radioactive measurements
have generally been used to constrain MFA models by providing direct
ﬂux measurement information [129–133].
Stable isotope labeling with computational MFA has not been ap-
plied to lipid metabolism for several reasons. The signiﬁcant incor-
poration of [13C] into acetyl-CoA results in highly labeled fatty
acids and lipids that produce complicated spectra that are difﬁcult
to quantify. Differences in acyl chain length and degrees of
unsaturation complicate mass spectral analyses of the labeling with-
in a particular lipid class, and in addition a number of lipid classes
when labeled are similar in mass. Many of the pathways that inter-
convert lipids produce the same phospholipid or neutral lipid prod-
ucts and therefore can only be distinguished through transient
label incorporation. When stable isotope incorporation is monitored
over time it can produce unique insights onmetabolism andwas cru-
cial to helping establish the in vivo source of carbon supply for fatty
acid biosynthesis [134]. Bao and colleagues used [13C]O2 pulse and
pulse-chase labeling of Arabidopsis leaves to quantitatively establish
a light-dependent production of fatty acids. Incorporation of the
[13C] was measured by analyzing labeling in fatty acids with gas
chromatography mass spectrometry (GC–MS). Through chasing the
experiment in the dark the lack of change in isotope description indi-
cated that fatty acid biosynthesis is b5% of rates in the light. In the
same experiments the assessment of Arabidopsis, barley and pea
with [14C]O2 produced only a minor amount of labeled acetate
(b5% of labeling in fatty acids) providing in vivo evidence that ace-
tate is not a precursor for fatty acid biosynthesis [134]. The evalua-
tion of stable isotopic labeling of fatty acids in these studies relied
on quantiﬁcation after transmethylation by GC–MS. GC–MS has
been crucial for the evaluation of labeling in fatty acids and central
intermediates and therefore proven as a valued component in MFA
studies of central metabolism. Thus it is instructive to further review
these contributions as GC–MS is the forerunner to current day ad-
vances with ESI-MS that will be integral to lipid ﬂux analyses in the
future.3.2. GC–MS for fatty acid proﬁles and isotopic labeling-based MFA
Just as the development of thin layer chromatography to separate
lipids enabled radioactive labeling research and subvertedmore tedious
methods of labeling analysis [6,7]; improved methods for mass spec-
trometry, (and in particular electrospray ionization mass spectrometry
as described later [135]) have opened the door for stable isotopic inves-
tigations in lipid metabolism [136]. The capacity to resolve molecular
entities by mass provides an orthogonal technique that is complemen-
tary to separations by chromatographicmethods. Depending on the res-
olution with which mass can be assessed, mass spectrometers can
uniquely identify compounds and also quantify the degree of isotope in-
corporation. Thus the requirement for high purity separations based ex-
clusively on chromatographic resolution and extensive evaluation with
standards that are implicit to radioactivity-based analyses are mini-
mized and information on acyl compositions of lipid classes ismore eas-
ily obtained by MS. Analyses commonly employ transmethylation and
gas chromatography mass spectrometry (GC–MS) to assess fatty acid
composition of lipids though resulting in a loss of information on the
stereospeciﬁc location of individual acyl chains on the lipid backbone.
GC–MS, as the name implies requires the volatilization of molecules;
therefore whereas most intact lipids are too large for GC–MS,
transmethylation or other less common derivatizations [137,138] have
resulted in quantiﬁable fatty acid esters.
GC–MS-based analyses are instrumental in providing a description
of fatty acid composition of lipid classes and have been helpful in the
analysis of fatty acid biosynthetic and elongation events that occur in-
side and outside of the plastid respectively [134,139]. Developing Bras-
sica and soybean embryosmetabolize [13C]glucose and [13C]glutamine
to produce labeled acetyl-CoA and fatty acids that can be quantiﬁed by
GC–MS [37,40,140] forMFA. TheMcLafferty fragment in theMS analysis
contains the carboxy-terminal carbons and therefore can indicate the
labeling in an acetyl group that is representative of the acetyl-CoA
pool. Fatty acyl chains of 18 carbons or fewer are synthesized in the
plastid, whereas the process to elongate them to 20 ormore carbons oc-
curswith acetyl incorporation outside of the plastid. Thus the inspection
of labeling in the carboxy-terminal carbons will indicate differences in
labeling between acetyl-CoA pools used in the biosynthesis and elonga-
tion of fatty acids. When eicosenoic and erucic acids McLafferty frag-
ments have been measured after isotopic labeling they produce
distinct McLafferty signals that establish subcellular features in MFA
models (Fig. 7).
Fig. 7. Isotopic labeling of spatially resolved pools of acetyl groups. Through [U-13C]glutamine (or glucose/sucrose) the metabolism in developing soybean and brassica seeds results in
differences in the isotopic enrichment in acetyl groups between the plastid and the cytosol. The differences in labeling can be inspected by examining the carboxy-terminal acetyl
group in acyl chains. C16/C18 fatty acids are produced in the plastid and incorporate plastid-based acetyl groups in fatty acid biosynthesis. Fatty acid elongation adds additional acetyl
groups to make C20/C22 fatty acids outside of the plastid using acetyl groups that are from the cytosol. As a result, inspection of fatty acid carboxy-terminal acetyl group can indicate
differences in pool labeling that are a consequence of spatially distinct metabolism. Inspired by references [37,141]. M0, M1, M2 describe the increases in mass in a fragment due to
incorporation of 13C in place of 12C.
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acids as determined by GC–MS has also helped establish organic acid
ﬂuxes with MFA. The embryos of Brassicawere labeled through provi-
sion of [13C]glutamine. However the patterns of isotope incorporation
within organic acids were different than might be expected for normal
cellular respiration in a heterotrophic tissue. The labeling indicated
that citrate contained a signiﬁcant amount of heavy mass isotopomers
(i.e. a mass isotopomer is a fraction of the metabolic pool that contains
the same number of isotopes regardless of positional distributionwithin
the compound). When [13C]glutamine was metabolized by BrassicaFig. 8.Glutamine and citratemetabolism are sources of carbon for fatty acids. [U-13C]glutamine e
(ICITDH) in Brassica which causes the TCA cycle to be non-cyclic. As a result citrate has a sign
results in dilution of labeled carbon originating from [U-13C]glutamine and generates less labe
be subsequently used with malic enzyme and pyruvate dehydrogenase, or ATP-citrate lyase t
on the oilseed (D, E). Inspired by references [130,131,141]. (Abbreviations: acetyl-CoA: acetyl-embryos, a signiﬁcant fraction of citrate became labeled at ﬁve out of
six [13C] atoms (i.e. [M + 5]+) (Fig. 8, (A)). Such a labeling description
is unlikely from typical decarboxylation events of tricarboxylic acid
(TCA) metabolism, because the presumed path to generate citrate
from glutamine would involve production of alpha-ketoglutarate
followed by succinate and other TCA intermediates. The conversion of
alpha-ketoglutarate to succinate involves decarboxylation and release
of CO2 (Fig. 8, (B)). Since succinate, malate and oxaloacetate are all
four carbon intermediates, the amount of [13C] labeling in any of
them can be maximally [M + 4]+. The biosynthesis of citrate fromxperiments have indicated (A) netﬂux in the reverse direction of isocitrate dehydrogenase
iﬁcant [M + 5]+ mass isotopomer fraction. (B) Respiration through cyclic TCA operation
led citrate (C). Glutamine carbon is converted to organic as well as amino acids that can
o make acetyl-CoA that may be used for fatty acid biosynthesis or elongation depending
Coenzyme A, aKG: alpha-ketoglutarate, OAA: oxaloacetate, TCA: tricarboxylic acid cycle).
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niﬁcant amount of [M + 4]+ or lighter mass isotopomers due to label
scrambling and dilution by other metabolites; however citrate
contained an abundant [M + 5]+ mass isotopomer (Fig. 8, (C)). When
probabilistic equations were used to calculate the expected mass
isotopomer distribution in citrate from a combination of OAA (mea-
sured as aspartate) and acetyl-CoA (measured as the C22 McLafferty of
fatty acids) the labeling was strikingly different than measurements.
The results indicated that citrate was not made exclusively through
the traditional TCA pathway. Instead a signiﬁcant ﬂux of alpha
ketoglutarate was carboxylated by the reverse operation of the
isocitrate dehydrogenase reaction leading to the observed mass
isotopomer distribution including a higher level of [M + 5]+ (Fig. 8,
(A)). A result from this non-cyclic operation of the TCA pathway in bras-
sicawas themore efﬁcient carbon utilization that assimilated instead of
respired CO2 [141]. In addition, the models indicated that citrate was
cleaved by ATP-citrate lyase and was a signiﬁcant source of carbon for
fatty acid elongation events (Fig. 8, (D)).
Unlike the situation in Brassica, soybeans exhibit a distinct meta-
bolic network operation in part because elongated fatty acids are a
very minor percentage of total soybean oil composition but also
reﬂecting the high protein levels and large requirement for sources
of nitrogen in developing soybean seeds. Soybeans use glutamine
to generate between 10 and 20% of the acyl groups needed for fatty
acid biosynthesis. This conclusion has come through quantiﬁcation
of labeling in lipids after [13C]glutamine experiments and ﬂux anal-
ysis [130,131] and from radioactive labeling experiments with cit-
rate [142,143]. Together the studies have implicated roles for malic
enzyme and ATP-citrate lyase in the process (Fig. 8, (E)). Approxi-
mately 40% of seed dry weight is protein in soybeans, therefore a
substantial amount of nitrogen is required for amino acid biosynthe-
sis; glutamine suppliedmaternally is a primary source of nitrogen for
developing seeds [144–147]. Relative to inorganic forms of nitrogen,
glutamine is more reduced, thus MFA studies have described the
complex response of nitrogen provision in different forms and their
consequence on storage reserve production [148,149]. Aminotrans-
ferase reactions convert glutamine and glutamate into alpha-
ketoglutarate with the concomitant transfer of amide groups to
other carbon skeletons to make other amino acids. In soybeans the
remaining alpha ketoglutarate can be used as a source of carbon for
other amino acids or through conversion to malate and citrate as a
source for acetyl-CoA production in fatty acid biosynthesis. In addi-
tion the conversion of organic acids through TCA metabolism linked
to electron transport in themitochondria results in generation of ATP
that can sustains protein and fatty acid biosynthesis (i.e. protein po-
lymerization requires approximately 4.3 mol of ATP per peptidyl
elongation by one amino acid residue [124] and fatty acid biosynthe-
sis requires one ATP per acyl chain extension by an acetyl group).
When malic enzyme and pyruvate dehydrogenase are involved,
two redox equivalents are also produced along with an acetyl-CoA;
thus the stoichiometric requirements for both redox equivalents
and carbon in fatty acid biosynthesis are fulﬁlled with these reactions.
Other studies in maize have also highlighted the potential role for
malic enzyme in the production of oil [150] and the contribution of glu-
tamine to lipid accumulation has recently been described with [14C] in
castor bean [151] though in combinationwith RNA analyses the authors
suggested that phosphoenolpyruvate carboxykinase (PEPCK) may be
involved. In these and other MFA plant-derived models (e.g. [152,
153]) additional labeled metabolites including: amino and organic
acids were measured by GC–MS; however apart from reporting the
sources of acetyl-CoA for lipid production the studies did not speciﬁcally
address lipidmetabolism. Thuswhile suchmethods have provided new
insight to the sources of carbon for fatty acidmetabolism and contribut-
ed important information for ﬂux analyses; the methods did not evalu-
ate intact lipids and cannot address questions that are more speciﬁc to
lipid assembly without further development.3.3. ESI-MS provides information for lipid labeling studies
The advent of electrospray ionization mass spectrometry (ESI-MS)
linked to liquid chromatography was transformative for lipid analysis
as well as other molecules. Large molecules, including lipids but also
proteins or other macromolecules are ionized through a charge-
desolvation process prior to entry into theMS. This technique avoids de-
rivatization steps which can degrade compounds and be biased by
chemical reactivity. When multiple mass spectrometers are serially
coupled (i.e. tandem MS), both intact and fragmented forms of lipid
molecules can be analyzed with enhanced sensitivity and speciﬁcity
[154]. However, it can be challenging to identify the regiospeciﬁc
attachment of acyl chains within a glycerolipid molecule. Collision-
induced fragmentation of PC with tandem MS resulted in fatty acid
product anions that differed in relative intensity based on whether
they originated from sn-1 or sn-2 attachment [155,156]. This principle
has been applied regularly with other phospholipids where preferential
release of a stereospeciﬁc acyl chain is dependent on the
glycerophospholipid. PA and phosphatidylserine (PS) analyzed by neg-
ative ion tandemMS producemore intense fatty acyl anions originating
from the sn-1 positionwhereas PG and phosphatidylethanolamine (PE)
showhigher intensities for the sn-2 acyl chain position [157,158]. Struc-
tural elucidation of more complicated molecules such as TAG has also
been described with MS2 of lithium adducts indicating preferential sn-
1/3 loss [159]. Higher order MS3 analyses of diacyl- or monoacyl-
glycerolipid lithiated cations were used to identify double bond loca-
tions based on the series of fragment ions [159,160]. Care is necessary
to avoid artifacts as acyl or double bond migration could complicate
characterization [161] and alternative ion activationmethods thatmod-
ify the acyl chains in a stereospeciﬁc manner during collision-induced
dissociation [162] may prove helpful in this process.
The next frontierwill be to consider isotopically labeled lipids.When
the acyl chains are isotopically enriched thequantiﬁcationwill be signif-
icantly more involved and require further considerations to accommo-
date the presence of additional isotopomers. For example, high
resolution instruments (see Section 3.6)will be necessary to distinguish
desaturation from isotope incorporation and methods that aim to frag-
ment lipids and speciﬁcally assess labeling in a subset of carbons will
have to be further developed [163]. However even if structural informa-
tion is incomplete, tandemMSmonitoring provides a richer description
of labeling because intact and fragment ions are observed together. This
concept is a focus of attention for smallmetabolites as described inmore
detail elsewhere [164,165]; however extension to lipids will be more
challenging. In general, tandemMS can syncmeasurements from a frag-
ment with the intact precursor molecule by using the mass spectrome-
ters seriallywhereas a singlemass spectrometerwould at best be able to
measure them but without indicating correspondence between
isotopomers from different fragment ions. The increase in information
content is dependent on the labeling and fragment composition. If frag-
ment characteristics could be rigorously assigned to regiochemical fea-
tures, then the use of dynamically labeled fatty acids would potentially
be capable of ﬁne-grained descriptions of lipid pathway use.
3.4. Choosing an appropriate isotopic substrate to assess multiple pools and
turnover
The quantitativemeasurements fromMSwill bemost effective if the
isotope tracer is properly chosen to describe the relevant metabolism.
Though not a stable isotopic study, a recent investigation with
[14C]laurate provided a number of insights and effectively illustrated
that the choice of substrate can produce important but unanticipated
results in lipid metabolism [166]. The choice of using labeled laurate
as a substrate was profound because the laurate was directly incorpo-
rated into TAG and also imported into the plastid for rounds of fatty
acid biosynthesis to make 16 and 18 chain length fatty acids that were
incorporated into DAG and PC but not TAG. Thus the resulting fatty
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used 12 carbon lengths, both DAG and PC contained a considerable
amount of longer chains [166]. Given that lipid biosynthetic activities
of DGAT1, PDAT, LPCAT and lyso-phosphatidylethanolamine acyltrans-
ferase (LPEAT) have not been shown to have an acyl preference [167–
169] the authors concluded the differences were likely due to multiple
acyl-CoA and DAG pools, consistent with prior kinetic studies [101,
102]. Thus the choice of fatty acid provided insights about spatial orga-
nization andmay suggest that a DAGpool that is associatedwith the cy-
tosol, ER or lipid body is more directly involved in direct TAG
production, though as with other studies on spatial organization more
conclusive evidence is needed. Interestingly, in leaves the labeling of
TAG was similar to PC at early time points indicating a high capacity
to make TAG, yet TAG is less than 1% of glycerolipid composition and
is present at levels 500-fold lower in Arabidopsis leaves than in seeds.
Since diacylglycerol acyltransferase 1 (DGAT1) transcripts were down
only 5-fold in leaves relative to seeds, the authors speculated that the
low TAG production could be a consequence of turnover. Pulse-chase
experiments indicated that initially high levels of TAG labeling de-
creased by 70% during the chase phase, consistent with TAG turnover.
However further inspection of other lipids did not show an increase in
labeling, therefore the fate of acyl chains released from TAG could not
be determined. Beta oxidation mutants did not show a distinct pheno-
type though this could have reﬂected differences in transport of fatty
acids into the peroxisome [166]. Thus additional studies to assess the
dynamics of lipid turnover are necessary to understand the processes
that affect TAG accumulation and breakdown.
Conﬁrmation of turnover events or multiple pools of DAG or other
lipid intermediates might come from stable isotope studies where the
differences in labeling over time and fatty acid composition help resolve
active pools that can bemore extensively surveyedwithMS. Analysis of
stable isotopically labeled lipids have started to appear in the literature
[136,170,171]; however caremust be taken to choose labeled substrates
that provide maximal information on metabolism without adversely
impacting it. A recent set of companion papers used [14C] and [13C]
[170,171] glycerol and acetate to isotopically label developing camelina
embryos and establish baselinemeasurements of their metabolism. The
levels of [13C] incorporation into TAG were measureable after optimiz-
ing the concentration of acetate or glycerol provided; howeverwhereas
exogenous glycerol (3mM) had no impact on seed biomass production
the acetatewas toxic over time even at low levels (b1mM) and resulted
in an appreciable decrease in biomass production. This illustrates that
unlike radiolabeling studies, the provision of stable isotopes in signiﬁ-
cant quantities can adversely impact metabolism and the provision of
stable isotopes at substrate instead of tracer levels must be taken into
account to ensure metabolism of the isotope without signiﬁcantly af-
fecting the biology of the system. Other stable isotopes including: glu-
cose, sucrose, CO2, acetate, glutamine, alanine and other amino acids
and sugars may all be applicable to lipid metabolism depending on
the biological question and tissue of interest (reviewed in [8,9]). Some
isotopes such as [2H]2O or H2[18O] can assess lipid ﬂux, but as these iso-
topes are incorporated in multiple places of metabolism they are often
not speciﬁc enough to deﬁne the particular operation of a pathway.
The choice of label directly impacts how sensitively ﬂuxes can be de-
termined throughout the metabolic network. Isotopically labeled
substrates enter central metabolism at different nodes and path-
ways, thus each will contribute differently to establish ﬂux values
as reﬂected through sensitivity analyses aimed at designing experi-
ments optimally so as to obtain the maximal amount of information
for ﬂux modeling [172–174]. Sensitivity analysis of plant networks
using multiple independent labeling experiments [131,141,175] or
simultaneous provision of multiple isotopes [172] generally produce
a large amount of complementary labeling data for ﬂux analysis.
Thus stable isotopes are likely to provide new insights and possibly
a more rigorous accounting of molecules when their contribution
to a speciﬁc network architecture and their relevance to “in planta”metabolism are carefully considered through the experimental
design.
Outside of the plant lipid community a greater number of labeled
substrates are commonly used and could be applied to plant-speciﬁc
questions presuming the aforementioned concerns were adequately
considered. For example, the biosynthesis of PC in hepatocytes that oc-
curs through CDP-choline:diacylglycerol cholinephosphotransferase
(CPT)-based generation from DAG and also from PE methylation was
quantiﬁed by DeLong et al. [176] using deuterated choline and ethanol-
amine. PCwas produced that contained four or nine deuteriumatoms in
the choline phosphocholine head group resulting in ESI-MS/MS positive
ion fragments ofm/z 193 or 188 that can be sensitivelymeasured. In ad-
dition a fragment of m/z 184 signiﬁed the presence of the unlabeled PC
pool. Through quantiﬁcation of the isotopic labeling, it was determined
that hepatocytes synthesize 70% of PC using the CDP-choline pathway;
with the remainder coming from a PE source. The PC derived from PE
contained a higher amount of unsaturates and longer (C20 and C22)
acyl chains which was consistent with known enzyme speciﬁcities in
this cell line [177]. This analysis also indicated a signiﬁcant amount of
[2H]6 and [2H]3 PC which the authors postulated may describe the use
of choline as a methyl source in C1 metabolism for betaine production.
The amount of information obtained for all related pathwaymetabolites
from one sample preparation with ESI-MS/MS is a great beneﬁt. Other
insightful applications to lipid metabolism in mammalian systems
have been recently reviewed [136].
3.5. Using labeling to address spatial features of metabolism
Consistentwith the theme in this review, one of the greatest needs is
to develop methods that are sufﬁciently advanced to analyze spatial
events in metabolism. In addition to labeling and MS that can describe
fatty acid biosynthesis and elongation process in separate organelles
[37,40,140], other analyses of central metabolism have been predicated
on differences in labeling of plastidial carbohydrates such as starch and
extraplastidial forms (i.e. glycans from proteins; cell wall, sucrose) [37,
39,129]. More recently the analysis of amino acids that were derived
from hydrolyzed proteins from different subcellular locations [38] or
inspected directly by high resolution mass spectrometry [178,179]
have been used to enable ﬂux estimates [180]. The proteins translated
from genomes in different organelles are labeled according to the avail-
able pools of amino acids for biosynthesis. Related strategies to use pro-
teins to distinguish metabolic ﬂuxes within organism communities
have also been described [181,182].
The use of protein amino acid labeling could also be applied to estab-
lish ﬂuxes in different cell types where lipid metabolism is distinct. The
recent application of imaging-based MS platforms including matrix as-
sociated laser desorption ionization (MALDI) [41,183] or magnetic res-
onance imaging (MRI) [184] as discussed elsewhere [185] have
indicated very different lipid compositions spatially within seeds [45,
186]. Such techniques pose signiﬁcant potential to spatially analyze
lipids by providing a static snapshot of molecular composition. Further-
more since metabolism is dynamic, these methods could be potentially
used to resolve isotopic labeling and address spatial dynamics ofmetab-
olism. An extensive collection of microscopy, histology, MRI, and meta-
bolic modeling [42] indicated that seeds are themselves heterogeneous
tissues that have metabolic differences that vary radially within the tis-
sue. The data illustrate that green seeds are mixotrophic and take ad-
vantage of photosynthetic reactions on more exposed layers of tissue.
Work to combine labeling analyses with imaging techniques could pro-
vide an informative way to assess spatial metabolism and such analyses
have started to emerge in mammalian investigations [187]. [2H]2O was
extensively incorporated into tumor cells producing kinetic information
for ﬂux analyses. These studies are likely to evolve with future labeling
descriptions targeted to speciﬁc pathways. Other imaging approaches
that may also be applicable here including secondary ion MS (SIMS)
and desorption electrospray ionization (DESI) MS are more frequently
Fig. 9. Differences in mass between 13C–13C incorporation and acyl chain saturation.
A) Incorporation of 2 – 13C groups relative to 12C increases mass in the acyl chain by
2.00671 whereas a degree of saturation changes mass by 2.01565. B) The differences in
m/z can be distinguished using a high resolution MS instrument (ThermoFisher Q-
Exactive) to analyze labeled soybean tissue (Allen, unpublished results from inspection
of phosphatidylcholine fatty acids). This is indicated by comparison of changing degree
of unsaturation and 13C in the acyl chain reﬂected in the simulation (unpublished data).
C) Quantiﬁcation of differences in mass isotopomer distribution for multiple lipids will
eventually result in ﬂux maps that can provide insight on lipid metabolism; however
the size and complexity of isotopomer distributions in lipids implies that inspection of
fragments (i.e. fatty acids and there additional fragmentation) must be developed.
(Abbreviations: DAG: diacylglycerol, FA: fatty acid, G3P: glycerol-3-phosphate, LPA:
lyso-phosphatidic acid, LPC: lyso-phosphatidylcholine, PA: phosphatidic acid, PC:
phosphatidylcholine, TAG: triacylglycerol).
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ences to ﬂuxes in speciﬁc subcellular or cellular locations will allow
ﬂux models to more closely approach biological reality. Lacking such
data, models can become underdetermined and misrepresent spatial
features.
3.6. Photosynthetic and lipidﬂuxes can be quantiﬁed from transient isotopic
labeling with INST-MFA
Studies in central carbon metabolism have also beneﬁted from
LC–MS/MS application to primary intermediates (i.e. sugar phos-
phates) that are labile and difﬁcult to inspect with GC methods [15,
18,188]. Unlike seeds, that have longer durations of steady state me-
tabolism, leaves and other plant tissues exhibit metabolism that
changes diurnally. Additionally, leaves assimilate inorganic carbon;
therefore provision of isotopic [13C] coupled bonds is not possible.
As a result, the provision of a single substrate, [13C]O2 to a leaf will
over a long period of time result in nearly fully labeled pools at isoto-
pic equilibrium that are not informative about the labeling dynamics
and ﬂux. Thus, isotopically steady state MFA is not applicable to au-
totrophic metabolism [189] and isotopically nonstationary metabol-
ic ﬂux analysis (INST-MFA) [12,190,191] is necessary. Alternatively
other transient labeling-based modeling approaches such as kinetic
ﬂux proﬁling (KFP; [192]) have been developed and are equally ap-
plicable to plants [193]. KFP is computationally less-involved than
INST-MFA because it relies on modeling the dilution of the unlabeled
pools over time as the labeling progresses, whereas INST-MFA
models all isotopomers. However, KFP has a higher demand for
pool sizes information from experimental measurements whereas
with INST-MFA the pools are ﬁtted as part of the process. Both
INST-MFA and KFP have been used to judge photosynthetic metabo-
lism in Arabidopsis [194,195] conﬁrming a number of aspects of pho-
tosynthetic metabolism. The latter study also examined plants that
had been acclimated to a high light condition resulting in higher pre-
dictions for biomass (i.e. higher total net assimilation) however
through less efﬁcient carbon conversion that included a greater
amount of photorespiration [195]. Such studies indicate the poten-
tial for transient labeling-basedmodeling approaches to guide future
quantitative analyses of plant metabolism and provide a unique op-
portunity to additionally study lipids. Analogous to autotrophic me-
tabolism that uses CO2, lipid metabolism is largely predicated on
acetyl groups that are used to make fatty acids. By transiently moni-
toring [13C] through acetyl groups and into lipid intermediates,
comprehensive models of lipid metabolism with MFA can be built.
Just as the advances in ESI-MS to assess primary intermediates
were a prerequisite for INST-MFA and KFP developments, similar ad-
vances in labeled lipid proﬁling with mass spectrometry will be nec-
essary to distinguish [13C] atom contribution and to differentiate
degrees of unsaturation. Fortunately, high resolution mass spec-
trometry can distinguish the mass difference of incorporating two
[13C] atoms (2.00671 greater than two [12C]atoms) relative to a de-
gree of saturation (adding two hydrogens, 2.01565; Fig. 9) which
should enable label quantiﬁcation. In addition, current applications
to distinguish between the mass of nuclei (for example, [15N] and
[13C]; [196]) provide a mechanism to obtain new insights from
dual labeling experiments.
Such investigations will be important if bioenergy goals such as
producing more lipid in vegetative tissues are to be fully realized
[75,76,78,80,81,197–201]. The production of lipid in leaves will
have a number of unanticipated consequences on leaf metabolism.
For example, the decarboxylation occurring as a result of acetyl-
CoA generation for fatty acid biosynthesis in leaves [78] may be
recycled more efﬁciently in leaves where RuBisCO is abundant. This
would be distinct from green seed models of RuBisCO-enabled re-
assimilation [130,202–204] because complete Calvin cycle metabo-
lism remains active. Whether such a mechanism in leaves wouldprovide a way to concentrate CO2 and ameliorate photorespiration
would depend not only on the rate of fatty acid biosynthesis but
also the ﬂuxes of CO2 into and out of the leaf and is one of many
considerations for engineering a leaf with high lipid production
(Fig. 10).
Fig. 10. Engineering enhanced lipid production into leaves. Leaf metabolism is distinct from seeds. Green seeds can use RuBisCO to reassimilate CO2 respired during the conversion of
pyruvate to acetyl-CoA by pyruvate dehydrogenase improving carbon use efﬁciency. Green seeds do not require the use of an intact Calvin cycle to regenerate RuBP because they
metabolize sugars received exogenously from the maternal plant. The engineering of high oil leaves may have additional consequences for the leaf, including possibly reduced
photorespiration as a consequence of the extra CO2 produced within the leaf; however such hypotheses remain to be tested (Abbreviations: ADPG: adenosine-diphosphate glucose,
F6P: fructose-6-phosphate, G6P: glucose-6-phosphate, PEP: phosphoenolpyruvate, PYR: pyruvate, RuBP: ribulose-1,5-bisphosphate, TP: triose phosphate, UDPG: uridine diphosphate
glucose, 2-PGA: 2-phosphoglycerate, 3-PGA: 3-phosphoglycerate).
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Metabolism is dynamic and coordinated spatially through cells and
compartments. Our understanding of the spatial context has lagged be-
hind other aspects in part because of the challenges with assessing
movement of molecules and their speciﬁc location. When isotopes
have been employed to study lipid or central metabolism the results
have been profound and provided signiﬁcantly to our knowledge in
this area. This is because isotope-based investigations and MFA provide
a means to explore the dynamic nature of metabolism and assess
alterative bond-breaking and reforming reactions speciﬁc to pathways
that cannot be readily grasped by lipidomics, or other ‘omic’ tools.
Therefore the use of isotopes and MFA provide a complementary tool
that is instructive and highly quantitative. In principle, the analysis of
isotopically labeled lipids can draw fromMSmethods for lipid proﬁling
used to assess unlabeled compounds; however the interpretation will
be more complex and high resolution will be necessary to separate MS
signals. In addition to new tools, recently developed techniques includ-
ing INST-MFA and KFP are necessary to deﬁne the ﬂuxes of metabolism
quantitatively and because they can examine label movement tran-
siently, they will be adept to assessing questions speciﬁc to lipid metab-
olism in the near future. Together the development of tools and
techniques indicate the potential for a transformational gain in our un-
derstanding. Such approaches will be necessary not only for fundamen-
tal understanding, but to advance immediate biotechnological and food
security goals of producing more lipids in plants, including signiﬁcant
TAG production in vegetative tissues that is an important current focus.
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